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Caspases, cysteine proteinases that cleave after an aspartic acid, have been long studied in the last decade. Activation of caspases
inside the cell by an apoptotic stimulus triggers the cells to die by suicide, making the caspases attractive candidates for drug
targeting in various diseases. Elucidating the finest details of the molecular mechanisms of caspase activation is the only way to
understand cellular death. Using a combination of techniques of molecular biology, biochemistry, biophysics and cellular biology, we
have determined how some caspases get regulated inside the cell. For example, we could insure that the dimerization and not the
cleavage is the activation mechanism for caspase-8, and that caspase-9 is activated by the apoptosome via a dimerization mechanism.
In addition, by manipulating the dimeric interface of caspase-3, critical for its function, we learnt a great deal about the activation and
protein folding of caspase-3.
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INTRODUCTION
Apoptotic pathways
Caspases are a family of cysteine proteases that
have been identified first as key players in the
process termed “programmed cell death” or
“apoptosis” in multicellular organisms.1 During the
progression of programmed cell death, a finely
organized physiological mechanism regulates the

destruction and tidy disposal of unwanted cells,
without participation of the inflammatory
response.2 Caspases target the specific proteolysis
of several cellular substrates,3 which ultimately
leads to cell dismantling.2 Cell death is mandatory
during the development, being involved in tissue
differentiation, harmonious shaping of the organs,
and elimination of the infected or cancerous
cells.4,5 Overall, apoptosis is differentiated from
other types of death by the silent way of removal
of the cell debris or “death without a corpse”.2
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Abnormalities in apoptosis are the cause of
many pathological situations. In humans, excessive
cellular death is the base of neurological diseases,
while insufficient apoptosis leads to autoimmune
disorders or cancer.6 Due to these reasons, the
research in the pathology of cellular death received
tremendous attention in the last 20 years.
The way caspases get activated is accomplished
essentially via two different conserved pathways:7
A) The extrinsic pathway; and B) The intrinsic
pathway (Figure 1). Although these pathways differ
by their signaling components, what they have in
common is the pre-formation of large multiprotein
platforms of activation. The platforms recruit and

activate the apical caspases or the “initiators”, which
then cleave and activate the downstream caspases or
the “executioners” (Figure 1). For the extrinsic
pathway, the activation platform of caspases-8 and –
10 is the Death Inducing Signaling Complex (DISC)
that assembles at the cytosolic face of the cell
membrane.8 On the other hand, the intrinsic
pathway is signaled by the mitochondria (Figure 1).
Apaf-1 protein, cytochrome c and dATP interact to
generate a large complex called the apoptosome,
which makes the protein activation scaffold for the
initiator caspase-9.9 Once activated, caspases-8 and
-9 targets the specific activation of downstream
caspases-3, -6, and -7.

Fig. 1 – Caspases are triggered for activation via two cellular death pathways: extrinsic pathways
(receptor-mediated) and intrinsic pathway (mitochondria-mediated).

Both signaling pathways are finely regulated by
pro-apoptotic or anti-apoptotic proteins or
inhibitors, which enhance or decrease the intensity
of the signal.10 For example, the Bcl-2 type of
proteins could either activate or inhibit the
mitochondrial pathways, while proteins like XIAP
and FLIP are efficient inhibitors of caspases.10
Other natural inhibitors of caspases are the viral
proteins CrmA and p35, which prevent the death of
the infected cells on the virus advantage.7
Caspases in apoptosis
Caspases are a family of cysteinyl proteases that
specifically cleave after an aspartic acid (D) situated
in a certain tetrapeptide sequence, XYZD.7 There are
14 known mammalian caspases, most of them well

characterized.7 Although the main cellular role of
caspases is in apoptosis, some caspases are also
involved in other cellular processes like cytokine
maturation, T-cell proliferation, cell cycle regulation,
and cell differentiation.11
Caspases are organized as pro-form molecules
(procaspases) containing a pro-domain followed by
a catalytic domain, composed of a small and a
large subunit (Figure 3C).7 The pro-domain is not
inhibitory to the caspase catalytic activity and,
therefore, it is not necessary to be removed during
maturation.12,13 The initiators have a long prodomain necessary for interaction with the activation
platforms, while the executioners have a short prodomain with a role in protein folding.14 Apoptotic
caspases exist in cells as dormant zymogens, which
await to be activated following the apoptotic signal.15
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The activation mechanisms of the initiator and
executioner caspases are different. Based on in vitro
data, the initiator procaspases are monomeric proteins
that need to undergo dimerization in order to acquire
catalytic activity.16 Dimerization assembles two
active sites per molecule, situated distally to the
dimer interface (Figure 2). Therefore, dimerization is
both necessary and sufficient for activation. By
contrast, association is not sufficient for the
executioners, which pre-exist as inactive dimmers.15
The activation is dependent on proteolytic cleavage
of an aspartic residue from the linker peptide
connecting the two subunits of one monomer (Figure
2, Figure 8). This proteolytic process, performed by
the initiators or other proteases, culminates with the
maturation of two active sites per molecule as
described above, and, therefore is sufficient and
necessary for activation. Overall, the spatial
organization of mature apical and downstream
caspases is extremely similar.
Dimeric interface of caspase-3
After maturation by proteolysis, caspase-3 forms
an obligatory heterotetramer (dimer of heterodimers)
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and its oligomeric properties are in direct link with
the enzymatic activity17 (Figure 2). One heterodimer
is composed of two large and two small subunits that
form one globular domain. The active site is situated
between the small and large subunits, ~ 20 Å away of
the center of the dimeric interface. The dimer
interface is contributed mostly by the small subunits
(Figure 2). Molecular dynamics studies of the
inhibitor-bound caspase-3 revealed that movements
of the catalytic loops from different heterodimers are
correlated, and these motions are mediated through
the N-terminal region of the small subunit.18 In
addition, structure-based thermodynamic analysis
indicates that residues from the dimer interface of
caspase-3 are critical for stabilizing the active site
loops, and that a caspase-3 heterodimer could not
thermodynamically exist.19 The dimer interface of
caspase-3 encloses ~2000 Å2 of hydrophobic area20
(Figure 2). The hydrophobic contact between V266
and V266’ from the opposite heterodimer is at the
center of this interface. Additional interactions
include H-bonding between the C-terminus of the
large subunit and the N-terminus of the small
subunit.20

Fig. 2 – Initiator (apical) caspases activate by dimerization, while the executioner (downstream)
caspases activate by cleavage. The question marks symbolize the problems attempted to
be solved by the present work.

Interestingly, the hydrophobic interface of
caspase-3 is only conserved in the other
executioner caspases.7 The conserved dimer

interface of the inflammatory caspases (-1, -4, and
–5) relies on electrostatic interactions, while the
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interfaces of caspase-2, -8, -9, and –10 include
both hydrophobic and hydrophilic residues.7
Protein oligomerization and caspase folding
Many cellular proteins are homo- or heterooligomers and, in some cases, their biological
activity depends strictly on the quaternary
structure.21 Modification of the interface of
oligomeric proteins is a very specific and efficient
way of drug targeting. More than 2000 proteins are
known to occur as oligomers, and the atomic
resolution structure of most of them has been
elucidated.22
In many cases, oligomerization confers unusual
properties to enzymes: it may determine the
direction of a reaction (lactate dehydrogenase),
increase its velocity (trypthophan synthetase),
modify enzyme specificity by generating new
activity (lactose synthetase) or be required for
substrate binding (tyrosyl tRNA synthetase).23 In
some cases, homo- and hetero-oligomerization can
control both the up-regulation and down-regulation
of an enzyme activity. An interesting example is
the mechanism of caspase-8 activation or
inhibition by FLIP (FLICE-like inhibitory
protein).15 FLIP is an inactive version of caspase-8
that lacks the active cysteine. Several studies
indicate that FLIP expression in cultured cells can
be both pro-apoptotic and anti-apoptotic.15 At low
levels of expression, FLIP promotes the activation
of caspase-8 by forming heterodimers with
procaspase-8 at the DISC (Figure 1). In contrast, at
high levels of expression, FLIP competes with
procaspase-8 for the same binding sites on DISC,
preventing the caspase-8 recruitment.
Usually, the interaction between the subunits of
an enzyme is tight. Thermodynamically, the
association equilibrium can be shifted toward the
dissociation state at low protein concentration. In
practice, however, it has rarely been possible to
dissociate oligomeric proteins by simple dilution.
Due to this reason, the dissociated state of a protein
can only be reached by altering the environmental
conditions like a change in temperature or addition
of denaturants.22
The thermodynamics of procaspase-3 unfolding
at different pH values has been characterized.14,24
The total conformational free energy is 24
kcal/mol, suggesting that procaspase-3 is a very
stable protein. The unfolding is a highly
cooperative process. Dimerization of procaspase-3
occurs as a result of the association of two

monomeric folding intermediates, and is
considered a folding event 14. It has been predicted
by theoretical thermodynamic analysis that the
stability of the dimer interface of several caspases
accounts for ~30-50 % of the dimer stability.19
Indeed, it was found that the dimerization
contributes with approximately 14 kcal/mol to the
conformational free energy of the protein.14 In
addition, the short pro-domain of the caspase
zymogen assists in protein folding14 without
influencing the catalytic activity.13
Protein folding and unfolding are coupled to a
range of biological phenomena, from the
regulation of cellular activity to the onset of
neurodegenerative diseases.25 Engineering the
inter-subunit interface of oligomeric enzymes as a
tool for studying protein folding and catalytic
activity has been a common practice in the last
twenty years.
Here it will be discussed (Figure 2): 1) How
initiator caspases get activated by their natural
activating platforms; 2) What is the role of
cleavage of the initiator caspases; 3) How the
dimeric hydrophobic interface of caspase-3
influence the activation and folding of
(pro)caspase-3.
RESULTS
I. Activation of Initiator Caspases by the
Oligomerization Platforms
It has been previously shown that the initiator
caspases (caspases-8, -9, and 10) purified as
recombinant proteins after expression in E. coli
require dimerization in order to form a competent
active site.16, 26 However, what was unknown was
whether these proteases are also activated by
dimerization inside the cell during apoptosis after
recruitment to their specific activation platforms.
For
example,
caspase-9
could
undergo
conformational changes upon binding the Apaf-1
and become active as a monomer. This is why at
least two models have been proposed for the
activation of caspase-9 by the apoptosome (Figure
3): 1) an allosteric model and 2) a proximityinduced model. The allosteric model assumes that
Apaf-1 binds caspase-9 in two steps: in the first
step, it recruits the monomeric caspase-9 via
interaction with its pro-domain, and in the second
step it interacts with the catalytic domain via a
specific activation site (Figure 3A). This second
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binding event activates allosterically the caspase-9
monomer. By contrast, the induced-proximity
model assumes that the recruitment of several
molecules of caspase-9 to the apoptosome via prodomain interaction enforces caspase-9 oligomerization by increasing its local concentration,
culminating with its activation (Figure 3B). No
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additional allosteric interaction is necessary. The
induced proximity model is supported by the
crystal structure of active caspase-9, which shows
that caspase-9 is a dimer. In the first model, the
active species of caspase-9 is a monomer. In the
second model, the active species is a dimer.

Fig. 3 – There are two major ways by which the apoptosome could activate caspase-9: by an
allosteric mechanism (A) or by an induced proximity dimerization mechanism (B). Exchanging the
pro-domains of initiator/inflammatory caspases generate chimeric caspases (C).

In order to distinguish between these two
models, we have designed chimeric caspases that
substitute the natural pro-domain of some
monomeric (inactive) caspases with the prodomain of caspase-9 (CARD, caspase recruitment
domain) (Figure 3C). The resulting caspases (called
caspase-9/8 or caspase-9/1) could, therefore, be
recognized by the apoptosome due to the presence
of CARD of caspase-9. However, would they gain
enzymatic activity once recruited to the apoptosome?
If the answer is yes, then the induced proximity
model is most probably correct. This is due to the
fact that the allosteric model predicts that the
apoptosome interacts specifically only with the
catalytic domain of caspase-9 and not with other
caspases. To answer this question, we have
reconstituted the apoptosome formation in cellular
lysates 27 using the chimeric caspases. As shown in
Figure 4C, caspase-9/8 successfully replaced
caspase-9 in lysates depleted of caspase-9. The
activity of the caspase-9/8 could be inhibited by a
specific caspase-8 inhibitor (CrmA), but not by the
XIAP specific for caspase-9 27, suggesting that the
expected catalytic activity has been assayed.
Similar results were obtained when caspase-9/1,

instead of caspase-9/8, was used in the
apoptosome-reconstituted experiments (Figure 4A),
results that strongly indicate that the induced
proximity model is accurate.
In order to confirm that the active species of
active caspase-9 in the apoptosome is a dimer, we
have reconstituted in the test tube a “miniapoptosome” from recombinant proteins,28 and
studied the kinetics of activation of caspase-9 in
various conditions. The activation of caspase-9 by
“mini-apoptosome” or artificial activators followed
a second-order process and this process was
dependent on formation of an active dimeric
species 27 (Figure 4A). Therefore, the function of
the apoptosome formation inside the cell is indeed
to bind several molecules of caspase-9 and activate
them by an induced dimerization mechanism.
How about the other activation platform that
forms at the cell membrane, the DISC? Could it be
able to activate other initiator caspases beside
caspase-8 and –10 if they carry the right pro-domain?
The answer is yes: when the pro-domain of caspase8 was fused with the catalytic domain of caspase-9 to
generate the chimeric caspase-8/9 (Figure 3C), the
hybrid caspase could substitute the natural caspase-8
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from the DISC reconstituted inside the cell and
became active (Figure 4A, data not published). The
measured activity was generated by catalytic domain

of caspase-9 and not by the endogenous caspase-8,
because the caspase-9 inhibitor XIAP-Bir3 efficiently
reduced it (not shown).

Fig. 4 – A. Hybrid caspases are being used to test the function of the activation platforms (apoptosome and DISC). Nacitrate (in Tris buffer, pH 7.4) is a kosmotropic salt that artificially activates the monomeric caspases. B. Example of
apoptosome assembling: cytosolic extracts were depleted of caspase-9, reconstituted with the indicated recombinant
(chimeric) caspase, and treated with cytochrome c/dATP to initiate apoptosome formation. Activity of caspase-3
(apoptosome-activated) was monitored using an artificial fluorogenic substrate, DEVD-AFC.

Therefore, we showed for the first time that the
pro-domains of the initiator caspases could be
inter-changeable and, as long as the geometry
permits, the initiators could be activated by any
multi-protein platform capable of binding them.
Although the allosteric activation cannot be totally
excluded, it can only happen in the context of
activation by dimerization.
II. Caspase-8: Cleavage or Dimerization?
Another confusing problem generated in the
field was related to the fact that the initiator
caspases, following activation by dimerization
inside the cell, also undergo auto-proteolytic
cleavage at the same conserved aspartates that are
cleaved in the executioners (Figure 2). As a
reminder, the cleavage of the executioners at the
same positions is necessary and sufficient for
activation (Figure 2). Many scientists interpreted
the auto-cleavage of caspase-8 in cellular lysates as
a consequence of its activation. However, other
proteases like caspases-3,–6, or Granzyme B could
cleave the initiator caspases before caspase-8 gets
active by dimerization, making the two events
impossible to distinguish. There are at least two
dilemmas that need clarification: 1) In the absence

of the dimerization stimulus, could initiator
caspases become active after cleavage?; and
2) What is the role of inter-subunit linker cleavage
in the context of monomeric or dimeric initiator
caspases?
To address these questions, we have engineered
caspase-8 such way that it could be controllably
cleaved by the other proteases that have no
substrate overlapping specificity with the caspases,
like for example thrombin and TEV-protease 29
(Figure 5). After purification from E. coli, wildtype recombinant caspase-8 undergoes autocleavage into a small and large subunit that form a
very tight heterodimer, which is further referred in
the text as the “monomer” of caspase-8. Two
heterodimers can further associate into a
heterotetramer, which is referred in the text as the
“dimer” of caspase-8. At equilibrium, cleaved
caspase-8 is a mixture of monomer-dimer with a
constant of dissociation in the low micromolar
range 29, 30 (Figure 7A). After separation by gel
filtration, only the dimeric species is active,16 but
quite instable at room temperature. Due to this
reason, the activity studies of caspase-8 are hard to
examine. Before cleavage, caspase-8 is a
monomeric protein that does not display enzymatic
activity (Figure 5).
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Fig. 5 – Mutagenesis of the inter-subunit linker generates caspase-8 mutants that could be controllably
cleaved by the specified proteases. The activity and oligomeric properties of the mutants are shown.

Fig. 6 – Caspase-8 activation in Na-citrate is a slow, second order process (A). Na-citrate
generates caspase-8 dimers, captured by cross-linking using dimethyl pimelimidate (B).

Fig. 7 – A. Kinetic parameters of caspase-8 mutants activation in Na-citrate. B. Molecular mechanism of caspase-8 in
Na-citrate occurs via a slow step involving dimerization and a fast step involving catalytic loop reorganization.
C. Dimerization and not cleavage activates caspase-8, but cleavage stabilizes the dimer.
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To determine whether caspase-8 gets active after
the specific proteolysis of the inter-subunit linker, we
have controllably cleaved the engineered caspase-8
mutants with either TEV-protease or thrombin, and
then we have measured the enzymatic activity using
an artificial fluorogenic substrate. The resulting
material was NOT active, even at concentrations
three times larger than the physiological caspase-8
concentration 29 (Figure 5). This suggested that, in the
absence of dimerization, the simple cleavage of an
initiator caspase in the catalytic domain is not
sufficient for its activation.
Why, then, the nature has preserved the
cleavage sites in the catalytic domain of caspases8, 9, and –10 if they do not seem to be important
for activation? One explanation, coming from the
crystal structure of most caspases, is the need for
formation of a “loop bundle” between the cleaved
linkers of opposite monomers 7(Figure 9), which
dramatically stabilizes the heterotetramer. In order
to check this hypothesis, we have performed
association and dissociation kinetic studies of
cleaved and uncleaved versions of caspase-8
(Figure 6A). We have taken advantage of the fact
that Na-citrate, a kosmotropic salt that “orders” the
structure of water molecules, reversibly induced
the activation of caspase-8.16 By using protein
cross-linking experiments, we first determined that
Na-citrate facilitates the dimerization of caspase-8
(Figure 6B), suggesting that the active species in
high salt buffer might be the caspase-8 dimer.29
Indeed, we determined that higher the concentration
of caspase-8 is, the faster the kinetics of activation
(Figure 6A), and therefore the activation mechanism
is a second order process during which “association”
of caspase-8 is required (Figure 6A). Studying the
kinetics of activation/inactivation by dilution in/from
Na-citrate permitted us to determine the kinetic
rates of association and the dissociation constant
for the cleaved and uncleaved versions of caspase-8.
We found out that the dissociation constants (Kd) of
the uncleaved and cleaved caspase-8 differed by at
least two orders of magnitude (Figure 7A).29 The
experimental Kd for cleaved caspase-8 in 1.0 M
citrate was less than 10 nM, while for the uncleaved
version the Kd was ~500 nM, showing that, indeed,
the cleavage significantly stabilizes the dimeric form.
In addition, fluorescence emission studies monitored
the formation of the active site during activation in
Na-citrate and captured the presence of a fast
secondary activation step (Figure 7B) that represents
the re-organization of the catalytic loops post
dimerization.29

Similar studies were performed with caspase-9
activation in Na-citrate and the results were
comparable (not published).
Therefore, the role of cleavage for the initiator
caspases is not to induce the activation, but to help
the active dimer to last longer in solution once it is
detached from the DISC.
III. Engineering Caspase-3
at the Dimer Interface
Caspase-3 is the most important executioner
that needs to be activated to set off the apoptotic
pathway. Cleavage of the inter-subunit linker
triggers its activation in an irreversible manner.
The only way caspase-3 activity could be subjected
to controlled regulation is by interaction with the
natural inhibitor, XIAP, which neutralizes its
activity and triggers its degradation. However, this
process is effective only when small amounts of
caspase-3 are around because the pool of cellular
XIAP is limited. In the opposite scenario, when the
XIAP concentration is extremely high, the amount
of cleaved and activated caspase-3 cannot manifest
due to the high rate of inhibition and degradation
set by the XIAP. This situation is known to occur
in some types of cancers.31 Due to this reason,
scientists have long searched for activators of
caspase-3 that could trigger the suicide of
uncontrollable dividing cells.
One way to understand more about caspase-3 is
to study its activation in the context of its
oligomerization, focusing on the dimeric interface
and not on the linker cleavage. The rationale
behind this is the following: the dimer interface of
the initiator caspases is a switch control for the
activation; therefore, there must be a related
mechanism to turn on the executioner caspases in
the same manner. We have shown that caspase-3 is
a very stable dimer before and after cleavage,
having a Kd < 50 nM,13 while in the presence of its
substrate the Kd drops bellow 1 nM (not published).
By designing mutants of caspase-3 dimer interface,
we have anticipated to produce less stable dimers
for which the activity could be better controlled.
We have mutated the symmetry axis residue
Val266 to charged residues like histidine, arginine
or glutamic acid. The mutations have been done in
the context of the wild-type protein and the
uncleavable caspase-3 mutant (Figure 8).
However, when the oligomeric properties have
been studied by analytical ultracentrifugation or
gel filtration, all of the mutants showed unaltered
behavior.32 This suggested two things: 1) either
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that the single point mutation (hydrophobic to
charged residue) is not enough to disrupts the
dimeric interface; or 2) that the newly introduced
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charged residue was neutralized via salt-bridge
contacts with other residues within the same
monomer.

Fig. 8 – Activity properties and unfolding mechanism of caspase-3 dimer interface mutants.

Fig. 9 – A. Three-dimensional organization of caspase-3, showing the heterotetramer, the dimeric interface,
the active sites and the catalytic loops; (B) Detailed distribution of the residues surrounding the dimeric
interface: V266-V266’ contact is at center of symmetry axis, C163 and H121 are the catalytic residues,
while Y197 and R164 belong to the network of residues coupling the active site to the dimer interface.

The real surprise came from the activity studies
measurements. The interface mutations produced
unexpected changes in the activity of both
uncleaved caspase-3 (that is mostly inactive) and
cleaved caspase-3 (fully active) 32 (see Figure 8).
For example, the V266H mutation abolished the
residual activity of procaspase-3 (Figure 8), and
due to this reason it could not auto-process in E.

coli during expression; more importantly, after
maturation with Granzyme B, it showed very
modest increase in activity, which represented ~1%
of the wild-type activity.32 Spectroscopic
properties, measured by circular dichroism and
fluorescence emission studies, as well as the
exposure of the catalytic loops, studied by limited
proteolysis, did not show any major differences in
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the V266H mutant versus the wild-type.32
Therefore, the mutation has locally affected the
positioning of few residues around the dimer
interface, transmitting the effect to the active site.
Modeling studies with H266 in the interface
indicated that steric clashes do exist between the
side chains of H266 and the neighboring Y197
(Figure 9B). Y197 needs to rotate away from the
active site to the dimer interface during caspase
maturation. Indeed, when the V266H mutant had
the Y197 replaced with a smaller residue (cysteine
or alanine), approximately ~10% from the wildtype activity was recovered.33
The other interface mutants, V266R and V266E,
also displayed unexpected activity properties, but
contrasting to the V266H mutant. Although the
activity of the mature, cleaved, caspase-3
harboring the V266R and V266E mutations was
always lower than the activity of the wild-type
(3%, and 25% respectively), the activity of the proform before cleavage was substantially higher than
the corresponding wild-type activity. For example,
the V266E mutant showed an ~60 fold increase in
the total activity versus the wt pro-caspase-3, and,
interestingly enough, this activity din not increase
after proteolytic maturation 32 (Figure 8). Similarly,
the V266R substitution produced a procaspase-3
form that was ~10 fold more active than the
unmodified protein.33 These results clearly show
that the interface mutations V266E and V266R
produced by themselves an activation of the
procaspase-3, eliminating the need for intersubunit linker cleavage as an activation step. This
is the first time when somebody showed that an
executioner caspase could gain enzymatic activity
subsequent to introducing a single point mutation
into the protein sequence.
As far as the mechanism of activation is
concerned, we have proposed a “salt-bridge network
of activation” model, which is explained in details
elsewhere.32 In this model, the newly introduced
glutamate at the dimer interface makes a salt-bridge
with the R164, situated at the basis of one of the
catalytic loops (Figure 9B). Apparently, this contact
is sufficient to organize the other catalytic loops in
the correct conformation for “binding and attacking”
the substrate. Indeed, these kinds of contacts are seen
in caspase-1, which naturally contains a glutamate at
the V266 equivalent position. Overall, the network of
interactions described here extents over a distance of
~ 20 Å.
The result could have dramatic consequences
upon the physiological role of caspases inside the
cell. One consequence is the constitutive activity

associated with the caspase-3 from the moment it
is produced, which equates with robust cleavage of
the caspase substrates and rapid cell death. The
other effect comes from the impossibility of the
natural inhibitor XIAP (see Figure 1) to inhibit
caspase-3 because XIAP only binds and neutralizes
efficiently the cleaved form of caspase-3. These
two theories are being tested on the immortal
cancerous cells as we speak.
From the therapeutic point of view, a
constitutively active caspase-3 could be extremely
useful for killing the uncontrollable dividing cells.
This is why studying the dimer interface could
seriously assist the efforts for screening and
improving libraries of compounds in search for
specific small activators of caspases that bind
around the dimer interface.
Protein Folding: Caspases
are the Perfect Guinea Pigs
There are several reasons why the caspases are
appealing candidates for studying the protein
folding: 1) they are oligomeric proteins of average
size composed of four subunits, so that the
quaternary structure could be studied by varying
the protein concentration; 2) the tertiary structure
is well packed, combining alpha helices and betastrands; 3) they are enzymes, so the proper folding
could be checked by the presence of enzymatic
activity; 4) they contain 1-2 tryptophanyl residues
per monomer as part of the active site, which
facilitates the monitoring of active site formation
by fluorescence emission spectroscopy; 5) they
express well in E coli, their activity is stable at 25°C
for over 24 h, and are soluble up to 200 micromolar
concentration.
The folding and assembly of procaspase-3
inactive mutant has been characterized over the pH
range of 4.0 to 9.0.24
We have described the unfolding of the dimeric
interface mutants, V266H and V266E, in the
context of the single-chain, inactive procaspase
molecule. As judge by the emission fluorescence,
fluorescence quenching, circular dichroism and
limited proteolysis studies, the overall packing of
the V266H mutant was very similar to the packing
of the wild-type protein.32 However, the mutant
displayed a severe resistance to unfolding versus
the wild-type (Figure 8): first, it required extremely
high concentration of urea for complete
denaturation (middle point for unfolding transition
was ~7 M), and secondly it necessitated ~72 h to
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finalize the unfolding (t1/2 unfolding was ~ 24 h).33
At pH <6, when the mutant started to dissociate,
the necessary unfolding time decreased to ~ 4-6 h.
The overall unfolding mechanism occurred by a
four state transition, similarly with the wild-type,
but the thermodynamic parameters could only be
accurately determined for the pH interval 4-5.
Although the estimated free energy of V266H
unfolding at neutral pH was greater than the one of
the wild-type, the V266H dimer was weaker than
the wild-type dimer. The only explanation for the
enhanced overall stability of the V266H mutant
could come from the fact that the histidines at the
dimer interface makes a very compact monomeric
intermediate, hard to unfold at neutral pH.
Nevertheless, the unfolding properties of this
mutant are unusual for mammalian proteins, only
comparable to fibrous proteins.
On the other hand, the unfolding properties of
the V266E mutant were not “typical” either. First
of all the general packing of the procaspase-3
harboring V2666E mutation differed dramatically
of the wild-type in the location and ionic
environment of the tryptophans, as well as in the
amount of the secondary structure. Circular
dichroism and fluorescence emission studies
showed that the tryptophan residues situated in the
active site were more oriented to the aqueous
environment in the V266E mutant, similar to those
from the cleaved active enzyme.32 Therefore, the
active site was more “open”. Limited proteolysis
studies with trypsin and GluC showed that one of
the four catalytic loops surrounding the active site
relocated from being exposed to being inserted into
the protein core, mimicking the location of the
same loop in the active, cleaved wild-type caspase3.32 As far as the unfolding in urea was concerned,
the V266E mutant unfolded faster and at lower
concentrations of urea (see Figure 8) than the wildtype, indicating that its stability was much lower.33
The free energy of unfolding was estimated to be
~ 4.9 kcal/mol, about 5 fold less than the wild-type
protein and similar to the unfolding of the
monomeric caspase-3. In addition, the unfolding
did not follow a four-step process, but a two-step
process by which the dimeric caspase simply
unfolds to the final monomeric state.33 Detailed
studies about the unfolding of this protein at
different concentrations were limited by the lower
solubility of the V266E mutant in the micromolar
range and by the small amounts of the generated
recombinant material. However, the most unusual
thing about the unfolding of the V266E mutant was
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its lack of reversibility. The fact that the unfolding
was irreversible suggests that E. coli packs the
V266E mutant in a folding intermediate trapped
into a low energy conformation and that could not
be rescued by the bacterial chaperones after the
synthesis.
Unfolding studies using the V266R mutants
have not been performed.
Based on the presented results, there is only one
thing that needs anticipation: if point mutations in
the dimer interface produce such dramatic effects
upon folding and activation of caspase-3, then we
should not be too far of designing drugs that bind
and regulate caspases in the direction of interest,
activation or inactivation.
CONCLUSIONS
Caspases are proteases that irreversibly commit
a cell on the pathway of death. Once activated,
they cleave a range of critical cellular proteins,
setting the point of no return. We have shown that
activation of apical caspases is a reversible
mechanism, regulated by the assembly of the
activation platforms, which generates dimeric
active species. However, they are ephemeral active
species, with high dissociation constants, which
only last in solution for a short time. We have
shown that one way to increase the stability of the
dimers after dissociation from the activation
platform is by cleavage of the catalytic domain.
For the time the initiators are active, they must
cleave and activate enough downstream caspases,
so that the latter can accumulate above the
threshold of the concentration of their natural
inhibitors. Only after this happens, the cell is
irreversibly committed to die. We have shown that
by engineering the dimer interface of caspase-3 we
can generate a constitutively active caspase, which
does not need cleavage for the activation. Such a
caspase mutant not only would kill the cells very
fast, but also would avoid the neutralization from
the endogenous inhibitor XIAP. Therefore, we now
understand why the mammalian cell needs a twostep activation process of caspases and regulation
at the level of dimerization and inhibition. The
achievements shown here limit themselves to the
basic mechanisms of caspases regulation, but they
will be nevertheless useful to the future biologists,
willing to discover cures for cancer and neurodegenerative diseases.

512

Cristina Pop

REFERENCES
1.
2.
3.
4.
5.
6.
7.
8.

9.
10.
11.
12.

13.
14.
15.
16.

J. Yuan, S. Shaham, S. Ledoux, H. M. Ellis and H. M.
Horvitz, Cell, 1993, 75, 641-652.
D. R. Green, Cell, 1998, 94, 695-698.
J. C. Timmer and G. S. Salvesen, Cell Death Differ,
2007, 14, 66-72.
J. F. Kerr, A. H. Wyllie and A. R. Currie, Br J Cancer,
1972, 26, 239-257.
S. H. Kaufmann and D. L. Vaux, Oncogene, 2003, 22, 74147430.
D. Hanahan and R. A. Weinberg, Cell, 2000, 100, 57-70.
P. Fuentes-Prior and G. S. Salvesen, Biochem J, 2004, 384,
201-232.
M. Muzio, A. M. Chinnaiyan, F. C. Kischkel, K.
O'Rourke, A. Shevchenko, J. Ni, C. Scaffidi, J. D. Bretz,
M. Zhang, R. Gentz, M. Mann, P. H. Krammer, M. E.
Peter and V. M. Dixit, Cell, 1996, 85, 817-827.
Y. Shi, Curr Opin Cell Biol, 2006, 13.
Y. Shi, Mol Cell, 2002, 9, 459-470.
M. Lamkanfi, N. Festjens, W. Declercq, T. Vanden
Berghe and P. Vandenabeele, Cell Death Differ, 2007,
14, 44-55.
H. R. Stennicke, J. M. Jurgensmeier, H. Shin, Q.
Deveraux, B. B. Wolf, X. Yang, Q. Zhou, H. M. Ellerby,
L. M.; Ellerby, D. Bredesen, D. R. Green, J. C. Reed, C.
J. Froelich and G. S. Salvesen, J Biol Chem, 1998, 273,
27084-27090.
C. Pop, Y. R. Chen, B. Smith, K. Bose, B. Bobay, A.
Tripathy, S. Franzen and A. C. Clark, Biochemistry,
2001, 40, 14224-14235.
K. Bose and A. C. Clark, Biochemistry, 2001, 40, 1423614242.
K. M. Boatright and G. S. Salvesen, Curr Opin Cell Biol,
2003, 15, 725-731.
K. M. Boatright, M. Renatus, F. L. Scott, S. Sperandio,
H. Shin, I. Pedersen, J.-E. Ricci, W. A. Edris, D. P.

17.
18.
19.
20.
21.
22.
23.
24.
25.
26.
27.
28.
29.
30.
31.
32.
33.

Sutherlin, D. R. Green and G. S. Salvesen, Mol Cell,
2003, 11, 529-541.
R. A. MacCorkle, K. W. Freeman and D. M. Spencer,
Proc Natl Acad Sci USA, 1998, 95, 3655-3660.
N. Sulpizi, U. Rothlisberger and P. Carloni, Biophys J, 2003,
84, 2207.
S. Piana, M. Sulpizi and U. Rothlisberger, Biochemistry,
2003, 42, 8720.
P. R. Mittl, S. Di Marco, J. F. Krebs, X. Bai, D. S.
Karanewsky, J. P. Priestle, K. J. Tomaselli and M. G.
Grutter, J Biol Chem. 1997, 272, 6539-6547.
N. J. Marianayagam, M. Sunde and J. M. Matthews,
Trends Biochem Sci, 2004, 29, 618-625.
I. R. Zutsh, M. Brickner and J. Chmielewski, Curr Opin
Chem Biol, 1998, 2.
G. Eriani, J. Cavarelli, F. Martin, G. Dirheimer, D. Moras
and J. Gangloff, Proc Natl Acad Sci USA, 1993, 90.
K. Bose and A. C. Clark, Protein Sci, 2005, 14, 24-36.
C. N. Pace, Trends Biochem. Sci., 1990, 15, 14-17.
D. W. Chang, Z. Xing, V. L. Capacio,M. E. Peter and
X. Yang, Embo J, 2003, 22, 4132-4142.
C. Pop, J. Timmer, S. Sperandio and G. S. Salvesen, Mol
Cell, 2006, 22, 269-275.
S. J. Riedl, W. Li, Y. Chao, R. Schwarzenbacher and
Y. Shi, Nature, 2005, 434, 926-933.
C. Pop, P. Fitzgerald, D. R. Green and G. S. Salvesen,
Biochemistry, 2007, 46, 4398-4407.
M. Donepudi, A. Mac Sweeney, C. Briand and M. G.
Gruetter, Mol Cell, 2003, 11, 543-549.
A. D. Schimmer, S. Dalili, R. A. Batey and S. J. Riedl,
Cell Death Differ, 2006, 13, 179-188.
C. Pop, B. Feeney, A. Tripathy and A. C. Clark,
Biochemistry, 2003, 42, 12311-12320.
C. Pop, PhD Dissertation, North Carolina State
University, 2004.

